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ABSTRACT Under physiological conditions, multicomponent biological membranes undergo structural changes which help
deﬁne how the membrane functions. An understanding of biomembrane structure-function relations can be based on
knowledge of the physical and chemical properties of pure phospholipid bilayers. Here, we have investigated phase transitions
in dipalmitoylphosphatidylcholine (DPPC) and dioleoylphosphatidylcholine (DOPC) bilayers. We demonstrated the existence of
several phase transitions in DPPC and DOPC mica-supported bilayers by both atomic force microscopy imaging and force
measurements. Supported DPPC bilayers show a broad Lb–La transition. In addition to the main transition we observed
structural changes both above and below main transition temperature, which include increase in bilayer coverage and changes
in bilayer height. Force measurements provide valuable information on bilayer thickness and phase transitions and are in good
agreement with atomic force microscopy imaging data. A De Gennes model was used to characterize the repulsive steric forces
as the origin of supported bilayer elastic properties. Both electrostatic and steric forces contribute to the repulsive part of the
force plot.
INTRODUCTION
The physical and chemical properties of biological mem-
branes are of critical importance for understanding speciﬁc
membrane function. Supported phospholipid bilayers (SPBs)
are accepted models for complex biological membranes (see
McConnell et al., 1986; Stelze and Sackmann, 1989;
Sonnleitner et al., 1999; Kalb et al., 1990; Schmidt et al.,
1992; Ramsden and Schneider, 1993; Pearce et al., 1992;
Nielsen et al., 1999). SPBs also hold promise for nanosensor
development. They could serve as a template for the incor-
poration of proteins and receptors and reduce nonspeciﬁc
interactions.
SPBs are composed of phospholipids adsorbed to a planar
solid support. The complex structural dynamics of the
bilayers are governed by temperature-dependent parameters
such as average interfacial area per lipid, thickness of bilayer,
and disorder of hydrophobic tails. The SPB can exist in
several lamellar phases: gel phase; liquid crystalline or ﬂuid
phase; subgel phase; and ripple phase (Tenchov et al., 2001).
Often, phase behavior is dominated by the main Lb–La (gel-
ﬂuid) transition. A large number of intermediate stable,
metastable, and transient lamellar gel structures can be
adopted by different lipids (Tenchov et al., 2001). For
saturated phosphatidylcholines, such as DPPC, there are four
recognized lamellar phases: namely, a liquid-crystalline
phase (La), and phases with ordered hydrocarbon chain
arrangements: ripple phase (Pb); gel phase (Lb); and subgel
or crystal phase (Lc) (Meyer et al., 2000).
Phase-related bilayer properties have been examined using
a variety of experimental techniques (Bizzotto and Nelson,
1998; Nelson and Bizzotto, 1999; Tamm and McConnell,
1985; Kalb et al., 1992; Nollert et al., 1995). Physical
properties of lipids such as density and thickness have been
studied by differential scanning calorimetry, pressure
calorimetry or dilatometry, and densitometry and other
methods (Exerowa, 2002; Ebel et al., 2001).
Atomic force microscopy (AFM) has also proven to be
a valuable tool for imaging ‘‘soft’’ biological samples
(Leonenko et al., 2000; Zasadzinski et al., 1991; Hui et al.,
1995; Singh and Keller, 1991; Beckmann et al., 1998),
especially in oscillating mode (Han et al., 1996, Han and
Lindsay, 1998; Fasolka et al., 2001). The power of AFM lies
in the fact that not only can images of high resolution be
generated without drying the sample, but that the forces of
interaction between AF probe and the surface can be
measured precisely, giving information about the mechanical
properties of biological samples (Lee et al., 1994; Cappella
and Dietler, 1999; Senden et al., 1994; Cleveland et al.,
1995; Biggs, 1995; Dufreˆne et al., 1998; van der Vegte and
Hadziioannou, 1997). On approach of the AFM probe tip
to the sample, the force-distance curve can be used to
characterize surface properties such as van der Waals and
electrostatic forces, and solvation, hydration, and compres-
sion-related steric forces. The retraction force curves often
show a hysteresis referred to as an adhesion pulloff event,
which can be used to estimate the adhesion forces. Much
experimental force data are now available in the literature,
and theoretical models have been developed for the analysis
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Dietler, 1999; Senden et al., 1994; Cleveland et al., 1995;
Biggs, 1995; Dufreˆne et al., 1998). In contrast, only a few
publications address force measurements of soft thin layers
such as thiol self-assembled monolayers (van der Vegte and
Hadziioannou, 1997; Dimitriadis et al., 2002) and phospho-
lipid bilayers (Franz et al., 2002; Butt and Franz, 2002; Loi
et al., 2002). Moreover, none of these have examined the
force measurements as a function of temperature.
Temperature-dependent AFM studies may provide valu-
able information about changes in structural and physi-
cal properties of bilayers during phase transitions. A few
temperature-dependent AFM studies involving imaging
bilayers have been previously reported (Giocondi et al.,
2001; Leonenko et al., 2000; Leonenko and Cramb, 2002,
2004; Tokumasu et al., 2002; Xie et al., 2002), but none have
involved force measurements as a function of temperature.
In this article we present results on DOPC- and DPPC-
supported phospholipid bilayers during heating above TM.
Both force measurements and AFM imaging were performed
to compare different bilayer phases during phase transitions.
The changes in force curves as functions of temperature and
loading rate were analyzed.
EXPERIMENTAL TECHNIQUES
Materials
Dioleoylphosphatidylcholine (DOPC, lyophilized or in chloroform solution;
Sigma, Oakville, ON), 1,2-dipalmitoyl phosphatidylcholine (DPPC; Avanti
Polar Lipids, Alabaster, AL) were used without further puriﬁcation.
Phosphate buffer (pH 6.8) and distilled nanopure water were used in the
preparation of all vesicles. Freshly cleaved ASTMV-2 quality, scratch-free
ruby mica (Asheville-Schoonmaker Mica, Newport News, VA) was used as
the solid support.
Methods
Supported planar bilayers were prepared for AFM imaging by vesicle fusion
method (Leonenko et al., 2000, Brian and McConnell, 1984). All vesicles
were prepared as previously reported (Leonenko et al., 2000). Brieﬂy, an
appropriate aliquot of phospholipid chloroform solution was measured into
a small vessel and the chloroform removed using a stream of dry nitrogen.
The dry phospholipid was then suspended in phosphate buffer or pure water
to its ﬁnal concentration and stirred for 30 min. The solution was sonicated
(Model 1200, Branson, Danbury, CT) at room temperature for 10 min.
Between the sonication periods, the solution was stirred at room temperature
for 15 min. For this method, the solutions were cycled ;10 times until they
appeared to be clear. Aliquots of the vesicle solution were deposited on
freshly cleaved pure mica. After a controlled period of time the mica was
gently rinsed with nanopure water.
Surfaces were imaged with an atomic force microscope (Pico SPM,
Molecular Imaging, Tempe, AZ) equipped with an AFMS-165 scanner. The
nominal spring constants of Au-Cr-coated Maclevers (Molecular Imaging)
used were;0.6 N/m. The tip radius of curvature is quoted as being typically
25 nm. The scan rate was ﬁxed to 20 mm/s. The standard MAC mode ﬂuid
cell (Molecular Imaging) was used throughout. All imaging and force
measurements were performed in a liquid cell under nanopure water. The
height scale was calibrated using colloidal gold spheres of well-deﬁned size
(diameter 5 and 14 nm; Vesenka et al., 1993).
Temperature-dependent experiments were executed using the AFM
temperature controller and hot MAC Mode Stage (Molecular Imaging). The
temperature was varied from 22 to 65C, within 0.1C in accuracy with
a 1C/min ramp. The atomic force microscope was also used as a force
apparatus. Force measurements were performed on DPPC and DOPC
bilayers formed from water solutions. The experiment consists in monitoring
the interaction between the AFM tip and the substrate by sensing the
cantilever deﬂection, Zc, as a function of the piezo elongation, Zp, as the tip is
moved toward and away from the substrate. It is a well-known fact that the
force interactions depend on the velocity of the surface approach (Cappella
and Dietler, 1999), especially for soft viscoelastic materials. All measure-
ments were performed over ﬁve velocities: 0.5, 5, 50, 500, and 2500 nm per
second. A statistical analysis has revealed that 10 measurements at different
locations of the same area are required to determine parameters such as the
adhesion and the long-range forces with 10% accuracy. Force curves were
monitored as a function of temperature and lateral position of the cantilever.
As the tip-sample separation cannot be independently measured, we
developed a systematic procedure for calculating the sensitivity of the
apparatus. This measurement assumes that the tip and the mica surface are
brought into a nondeformable contact in the higher loading region. Raw data
(Zc versus Zp) are then converted into force F versus surface-tip separationD
using Hooke’s law. F¼ k Zc, where k is the spring constant of the cantilever,
and the geometric relationship is D ¼ Zc–Zp for incremental changes.
RESULTS AND DISCUSSION
Imaging bilayer phase transitions
DPPC bilayer
A DPPC-supported bilayer was imaged while heating from
room temperature to 65C and also while cooling back to
room temperature. The bilayer was formed by applying
a vesicle solution in buffer onto a freshly cleaved mica
surface. After incubation, the cell was rinsed and ﬁlled with
water for imaging. The topography images (Fig. 1) show
a well-deﬁned gel phase, Lb, for the DPPC bilayer at T ¼
22C. Phase contrast images (data not shown) conﬁrm that
the dark areas correspond to mica and the bright areas to the
bilayer, which has an effective thickness of 4.86 0.3 nm and
a surface coverage of 89%. Several phase transitions are then
observed as a function of increasing temperature. During
heating of the DPPC bilayer, a broad main transition was
observed at 42–52C (Fig. 1, b and c) leading to the for-
mation of lower domains. The coexistence of two domains
(4.2 6 0.4 nm and 3.3 6 0.3 nm) was observed during this
temperature interval (Fig. 1 b). As the temperature is
increased further, the amount of surface covered by the
higher domains (4.2 nm) decreases and then completely
disappears at 52C, showing a thin bilayer that includes
some defects (Fig. 1 c). Note that during this dynamic
process the coverage of lower domains had increased to 97%
(Fig. 1 c), and eventually to 100% (image not shown). This
corresponds to the increase in area per lipid from 47.9 A˚2
(initial area/lipid at 20C from Nagle and Tristam-Nagle,
2000) to 53.8 A˚2, which is lower than experimental data (at
50C reported by Nagle and Tristam-Nagle, 2000) of 64 A˚2.
Such a discrepancy might originate from the effect of the
bilayer support in our AFM measurements, which could
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hinder complete expansion of the bilayer. Since there is no
lipid in the solution above the bilayer, we assume all changes
are accounted for by expansion of the bilayer itself. A further
increase in temperature, 53–60C, leads to another apparent
transition within the ﬂuid phase (Fig. 1 d). This transition is
characterized by the formation of even lower domains (0.8–
1.0-nm lower; the exact thickness of bilayer was not
measurable because of defect absence) and a further increase
in surface coverage (closing of all defects; Fig. 1 e). This
transition was complete at 60C, and the thin bilayer has
totally covered the surface at this point. The absolute
increase in surface coverage due to this transition was not
measurable, because of an insufﬁcient number of surface
defects.
The ﬁrst 42–52C transition is attributed to the main Lb–
La transition, and the second transition, between 53 and
60C, possibly corresponds to the formation of the ﬂuid-
disordered phase, perhaps with interdigitated or partly in-
terdigitated lipid chains. No further changes were observed
above 60C.
FIGURE 1 AFM topography images showing the phase transition in DPPC bilayer in liquid cell upon heating and cooling back to room temperature. (a)
Heating DPPC bilayer to room temperature, 22C; (b) heating to 50C; (c) heating to 52C; (d ) heating to 54C; (e) heating to 60C; ( f ) cooling back to 54C;
(g) cooling back to 51C; (h) cooling back to 49C; and (i) cooling back to room temperature, 22C.
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Slowly cooling the system back showed that the two
higher temperature transitions at 42–52C and 5360C are
reversible and that the bilayer can be restored to its initial
thickness of 4.8 nm (Fig. 1, g–i).
Previous studies have established the Lb–La phase-
transition temperature for DPPC at 41C (Biltonen and
Lichtenberg, 1993). The presence of the mica support
changes and signiﬁcantly broadens the temperature of the
main Lb–La phase transition compared with that observed
using differential scanning calorimetry (DSC). Interestingly,
Yang and Appleyard (2000) employed DSC to examine the
effect of a mica-supported DPPC bilayer. The SPB was
prepared by coating microscopic shards of mica with DPPC
via vesicle fusion. In their study, three peaks in the range 41–
46C for the thermogram of supported DPPC were observed.
They attribute the two higher temperature peaks to phase
transitions in separate leaﬂets. This would lead to three or
possibly four domains of bilayer thickness at intermediate
temperatures, unless one leaﬂet melts completely before the
other starts to melt (leading to two domains). During main
transition we observed coexistence of only two domains,
which we attribute to gel- and liquid-phase DPPC. It is
well-known that the phase transition (measured using DSC)
of small unilamellar vesicles (SUVs) is broader than that
measured for multilamellar vesicles (MLVs; Biltonen and
Lichtenberg, 1993). This is rationalized as stronger bilayer
coupling and cooperativity in the case of the MLVs. We
previously investigated DPPC SUVs (Carnini et al., 2004)
and found the width of the DSC peak to be 4C as compared
to 1C for MLVs. Thus, the TM width of 10C observed
using AFM might be due, in part, to the single bilayer nature
of the SPB. Also, the broadening of the phase transition that
we observe may be due, in part, to the mica support—which
may serve to inhibit the migration of the liquid-phase areas
together and thus reduce the cooperativity of the transition.
Signiﬁcantly, when vesicles were formed in pure water
(i.e., a fully hydrated bilayer; see Fig. 2), we observed an
additional subtransition below TM. The initial thickness of
the fully hydrated gel-phase bilayer at room temperature was
slightly larger, at 5.5 6 0.2 nm. The additional subtransition
was observed only during the cooling process, at 35–36C
(Fig. 2), and not during heating. This subtransition was not
observed for a DPPC bilayer when the vesicle solution was
formed in buffer. Fig. 2 shows the main transition at 52–
42C (Fig. 2 a), and growth of higher gel domain is complete
at 40C (Fig. 2 b). An additional subtransition starts at 35–
36C (Fig. 2 c), and continues down to room temperature.
For fully hydrated DPPC bilayers, the thickness of the ﬂuid-
phase (at T¼ 52C) and the gel-phase (at T¼ 22C) bilayers
were measured as 3.6 6 0.3 nm and 5.5 6 0.2 nm,
respectively. During the main transition 42–52C, the
bilayer thickness changes from 3.6 nm to 4.4 6 0.2 nm.
During the additional subtransition, which occurs between
35 and 36C, the bilayer thickness increases further from 4.4
6 0.2 nm to 5.5 6 0.2 nm.
During the subtransition, growing domains appear to be
round and randomly distributed. We have no evidence that
this is the formation of ripple phase. The height difference
(;1 A˚) in the bilayer may correspond to decoupled phase
transitions in the two leaﬂets. We assume that the arrange-
ment of water molecules at the interface plays an important
role for the subtransition and may contribute to the structural
heterogeneity across the supported bilayer. This may be less
pronounced for the bilayer formed from buffer.
DOPC bilayer
A DOPC bilayer was used to investigate the change in
morphology of the ﬂuid phase with temperature. Fig. 3
shows DOPC bilayer patches, formed from buffer solution,
FIGURE 2 AFM topography images showing the phase transition in fully hydrated DPPC bilayer during cooling back from 60C to room temperature.
Bilayer was formed from water solution by applying 30 mL of 0.5 mg/mL onto freshly cleaved pure mica for 5 min, then the cell was rinsed and covered with
nanopure water. (a) Cooling back to 50C; (b) to 36C; (c) to 30C; and (d ) to 22C.
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of various lateral sizes from 50 nm up to 250 nm and with an
effective thickness of 5.5 6 0.1 nm (room temperature, not
shown). Fig. 3, a and b, show the bilayer at 50C. From this
ﬁgure the expansion of the bilayer patches is evident. For the
La-DOPC bilayer the change begins in the range 37–40C,
and is accompanied by a 44% increase in bilayer surface
coverage, and bilayer thinning from 5.5 6 0.1 to 4.6 6 0.1
nm (average of 100 cross-section measurements). This
corresponds to a total volume increase of 17.9%. The bilayer
swelling observed may be a characteristic of a liquid-ordered
to liquid-disordered transition (Dietrich et al., 2001). The
distance between the tails of the bilayer increases pro-
gressively in proportion with the surface coverage. At 50C,
the SPB patches changed in size and shape during a 25-min
scan. This is in contrast to room temperature, where the SPB
patches did not change during a scan lasting one hour. Fig.
3 c shows the bilayer after it has cooled down to 45C. In this
ﬁgure, there is evidence of domains with different thick-
nesses. A DOPC bilayer formed from water solution (image
not shown) shows similar changes with temperature,
although the thickness of the bilayer was slightly different
(see Table 3).
Forces between the bilayer and the silicon
nitride tip as a function of temperature
DPPC bilayer
Adhesion forces. Surface force proﬁles between the silicon
nitride tip and a DPPC bilayer were measured as a function
of temperature. Raw data of the cantilever deﬂection
corresponding to the retraction of the tip from the bilayer,
after contact with the tip, are shown in Fig. 4. The data
corresponding to the mica surface immersed in water are
presented for comparison. Mica was characterized by an
abrupt jump out of contact of 1.5 nN. This adhesion force
was found independent of temperature to within 5% error.
The adhesion force acting on the DPPC bilayer at 22C does
not differ drastically from the mica substrate and is only
slightly reduced to 1 nN. The adhesion event originates from
van der Waals forces, which can be thought of in terms of the
Hamaker constant. A bilayer adsorbed on mica is known to
reduce the overall Hamaker constant (Israelachvili, 1992).
Temperature increase leads to a gradual change of the
force proﬁle. The force required for detaching the tip from
the bilayer increases from 3 nN at 36C up to 10 nN at 50C.
This is observed from Fig. 4 as an increased change in
cantilever deﬂection (Zc) as a function of piezo translation
FIGURE 3 AFM topography images showing the expansion of DOPC ﬂuid-phase bilayer during heating. DOPC bilayer was formed from buffer solution by
applying 70 mL of 0.5 mg/mL onto freshly cleaved pure mica for 30 min, then the cell was rinsed and covered with nanopure water. The images shown are
after: (a) heating to 50C; (b) 1 h scanning at 50C; and (c) cooling to 45C.
FIGURE 4 Cantilever deﬂection Zc as a function of the piezo translation
Zp during the retraction of the tip from the DPPC layer for four temperatures.
The curve monitored on mica is independent of temperature, and is shown
for comparison.
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(Zp) during retraction. In addition, the jump out of the contact
is not abrupt, compared with a solid-like surface (i.e., mica or
Lb-DPPC). The distance the tip travels before it separates
from the surface increases with increase of temperature. As
van der Waals forces are known to vary only slightly with
temperature, the change in the proﬁle is likely due to tip-
bilayer interactions that depend on bilayer phase.
The ﬂuid nature of the DPPC at T . 50C was de-
monstrated in Imaging Bilayer Phase Transition. It is
possible that the tip actually starts to perturb a small patch
of lipid from the bilayer during retraction at 50C. However,
there is not enough energy/force available to completely
overcome the bilayer self-adhesion. Thus, there remains
a jump out of contact. To examine this assertion, the forces
were measured as a function of the scan rate, v, of the piezo
motion. A slower scan rate could lead to more tip-lipid
interactions and subsequently an increase in detachment
force. Thus, a greater force may represent a greater number
of lipid molecules interacting with the tip.
No signiﬁcant change in the tip-bilayer adhesion force on
DPPC layer was recorded for v varying from 0.5 up to 2500
nm/s when temperature was held below 40C. This suggests
that the following changes above TM are not due to memory
effects. Fig. 5 shows an increase in the forces between DPPC
bilayer and the tip at 60C with decreasing v. For a high
speed, v ¼ 1 mm/s, the force proﬁle looks like one observed
on a solid-like gel-phase bilayer at T ¼ 22C with an abrupt
jump out of contact. With decreasing v, the time of contact, t,
between the tip and the bilayer increases. The value t can be
found through dividing the vertical distance of contact (given
on the piezo axis; see Fig. 5) by v. For t longer than;2 s, the
increase in force may be explained by an increase in number
of lipids interacting with the tip. The mechanism may
involve tail rearrangement during tip-bilayer contact, which
leads to the increase of the contact area and formation of
a lipid meniscus between the tip and the mica (Schneider
et al., 2000). The characteristics of this meniscus may
strongly depend on the tip radius, the surface chemistry of
the tip, the mobility of the tails, and the surface tension of the
solvent in the vicinity of the tip. Since we observed no
evidence of lipids permanently coating the AFM tip, the tip-
lipid afﬁnity appears to be too low for complete extraction of
any bilayer patches.
Statistical analysis of adhesion forces. It has been
demonstrated that the force of a unit interaction between
an AFM tip and a surface can be determined from a statistical
analysis of a series of detachment force measurements. For
a statistical analysis based on adhesive force originating from
a discrete number n of individual interactions or bonds, Fs
has been used. The total force distribution follows Poisson
statistics, with mean force Fadh ¼ nFs and variance
s2 ¼ nF2s : The force of one bond, Fs, is therefore given by
the square of the variance of the force divided by the mean
adhesion force Fadh. The value n is the ratio between Fadh
and Fs. This analysis has the advantage that the knowledge of
the mean radius of curvature is not required (Williams et al.,
1996) and gives information on the nature of the bilayer.
A ﬂuid bilayer is typically ascribed to a high number of
tip-sample bonds for T. 40C. The force of a single bond is
increased in a ﬂuid phase. In addition, in a ﬂuid phase, n
increases with decreasing the v. Table 1 presents the standard
deviation of the adhesion force in the gel phase and the ﬂuid
phase for three values of v. It is also shown that the adhesion
in the ﬂuid phase is more reproducible than in the gel phase.
This means that the number of bonds, n, involved is higher in
the ﬂuid phase. It has been shown previously that the force
required to remove a single lipid from a bilayer is of the order
30–140 pN (Marrink et al., 1998, Evans et al., 1995),
depending on the lipid and on the technique employed. The
lowest values that we measure are at least twice this range,
suggesting that we do not observe single lipid events.
Instead, our unit bonds must represent patches contain-
ing more than three lipids. This is in agreement with the
FIGURE 5 Cantilever deﬂection Zc as a function of the piezo translation
Zp during the retraction of the tip from DPPC layer for three scan rates v at
a temperature T ¼ 60C.
TABLE 1 Experimental adhesion force Fadh and its standard
error s on DPPC and DOPC membrane; calculation of the
number of bindings n and the mean force of a single bond Fs
Fadh (nN) s (nN) Fs (nN) n
DPPC T ¼ 22C (v ¼ 10 nm/s) 1 0.6 0.3 3
T ¼ 60C (v ¼ 1000 nm/s) 3 1.5 0.75 4
T ¼ 60C (v ¼ 10 nm/s) 5 2.0 0.8 6
T ¼ 60C (v ¼ 0.1 nm/s) 7 2.6 0.7 10
DOPC T ¼ 22C (v ¼ 10 nm/s) 3 1.2 0.5 6
T ¼ 60C (v ¼ 10 nm/s) 4 1.3 0.4 10
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ensemble model, which suggests that lipids in a large
membrane can move collectively (Alakoskela and Kinnu-
nen, 2001). Again, the detachment force between patch and
tip must be smaller than the extraction force of the entire
patch, otherwise we would see evidence of tip coating. This
is consistent with our previous work (Leonenko et al., 2000,
2002; Leonenko and Cramb, 2002), where continuous
imaging of bilayers displayed no resolution degradation or
changes in force curves that would result from uncontrol-
lable lipid coating of the AFM tip.
Repulsive forces. Fig. 6 A shows the three patterns of the
force versus the tip-sample separation measured on DPPC
bilayer in the temperature range between 20 and 60C. At
a separation larger than 7 nm from the surface, no force is
acting on the probe. At the distance close to 7 nm, a repulsive
force between the probe and the sample is present. The
logarithmic representation (Fig. 6 B) helps to determine the
nature of the repulsive regime. Three exponential regimes
clearly exist, one at long range from 3 to 7 nm, another at
short range between 0.3 nm and 3 nm, and the third steep one
in close contact with mica. The long range can be explained
by an electrostatic origin, due to the effective surface charge,
which originates from water shielding. The approximate
expression of the electrostatic force (also called double-layer
force) is given by Butt (1991) as
F ¼ 4psRcT expðKDDÞ; (1)
where R is the tip radius, s is the surface charge, cT is the tip
potential, D is the tip-surface distance, and KD is the inverse
of the Debye length. KD can be estimated to 0.25 nm
1. The
long-range force does not seem to be affected by temper-
ature, as the three curves in the log-plot are almost parallel in
Fig. 6 B.
The second exponential part is attributed to the steric
forces and deformation of the bilayer. The repulsive force in
the short-range regime at the contact of the bilayer cannot be
treated using common elastic mechanical models such as
Hertz’s theory, or any other models based on continuum
mechanics. With our AFM experiments we are examining
very small, discrete areas where nanoindentation is induced
not only by macroscopic compression of the bilayer but also
by nanoscale structural changes in the bilayer. Therefore,
here we should use a molecular approach, including in-
teractions involved in steric forces (Franz et al., 2002).
The exponential increase of the repulsive force likely
originates from tail steric repulsion induced by the AFM tip
compressing the bilayer. The tails in the bilayer will resist
compression, because compression will increase the local
concentration of the alkyl segments, increasing the free
energy of the system. The steric forces of compression act on
the bilayer until the loading force is close to the yield force,
when the tip breaks through the bilayer. The breakthrough
force decreases as the temperature increases, and DPPC
bilayer at elevated temperatures shows similar instability in
the force plot as ﬂuid-phase DOPC bilayer and DOTAP
bilayer (Loi et al., 2002).
The steric force per unit of area that the bilayer exerts on
the tip can been modeled using the formalism developed in
the work of de Gennes (1987). This model has been further
developed by Cappella and Dietler (1999), where interaction
FIGURE 6 (A) Evolution of the repulsive force F acting on the tip as
a function of the distance D between the AFM tip and the DPPC bilayer
deposited on mica. Forces were monitored during the approach of the tip
onto the sample for three temperatures (n, T ¼ 22C;h, T ¼ 36C; ands,
T ¼ 65C). (B) Experimental data represented by asterisks were ﬁtted us-
ing Eq. 1. The theoretical ﬁts are shown in solid line for the electrostatic
force (Eq. 1) and dashed line for the steric force (Eq. 2). The logarith-
mic representation helps in determination of the range of reliability of the
equation and therefore the evaluation of the thickness of the bilayer.
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between two polymer surfaces was considered. We consid-
ered the interaction of the AFM probe and the bilayer, which
gives the formula for the steric repulsion force as
Fste ¼ 100 kTRLg3=2 expð2pD=LÞ; (2)
where k is the Boltzmann constant, R is the tip radius of
curvature, T is the temperature, g is the tail density (the
inverse of the area per lipid), D is the distance between the
AFM tip and mica surface, and L is the uncompressed bilayer
thickness. Similar to the equation for two interacting
polymer surfaces (Cappella and Dietler, 1999), this formula
is valid in the range of distances, where 0.2 , D/L , 0.9.
The ﬁt of the experimental data using Eq. 2 is plotted as
a dotted line in Fig. 6 B.
Since the tip radius is not well deﬁned, it is difﬁcult to
estimate the tail density from the ﬁt, but the transition
between the two exponential regimes can be a good way to
measure the thickness of the bilayer L. At 22C, a transi-
tion occurs at D ¼ 4 nm corresponding to a thickness L ¼
D/0.9 ¼ 4.5 nm which agrees with what is known from
the literature (4.7 nm). Contrary to the electrostatic force, the
magnitude and the range of the steric force decrease with
increasing the temperature. The steric force in a ﬂuid phase,
at elevated temperatures, is reduced by 50% compared to
a gel phase (see Fig. 6). This can be explained by the
reduction of the tail density with the temperature. The tail
density is reduced from 1/50 to 1/67.1, considering area per
lipid as 50 A2 at room temperature and 67.1 A˚2 at 65C
(Petrache et al., 2000; Nagle and Tristam-Nagle, 2000;
Janiak et al., 1979), which makes 25% of the difference and
therefore a change of 40% in the force if we use Eq. 2. In
a ﬂuid regime, i.e., at T. 50C, the shape of the steric part of
the force-distance curve starts to depart from exponential
dependence and is similar to the linear abrupt jump observed
for ﬂuid-phase DOTAP bilayer at room temperature (Loi
et al., 2002). It appears that Eq. 2 is only valid for the gel-
phase DPPC bilayer, where lateral motion of the lipids is
lower. The transition distance was used to deduce the length
L from Fig. 6 B. Results as a function of temperature are
collected on the ﬁrst row of Table 2. The bilayer thickness
decreases as observed in AFM imaging mode.
It is interesting to compare the force analysis and the
height measured by image cross-section. In AFM, the
applied force is the lowest possible (below 1 nN) required
not to deform the surface. In MAC mode, we apply a force
,1 nN on the bilayer surface under water; therefore, in the
electrostatic regime, the tip is not in contact with the sample.
Nanoindentation for a typical force of 1 nN (shown in Table
2) correlates with the thickness of bilayer obtained from
AFM image cross-section, but at room temperature is larger
than the bilayer thickness determined by other methods
(Petrache et al., 2000; Nagle and Tristam-Nagle, 2000;
Janiak et al., 1979). Thus, AFM can overestimate the
thickness of the layer since repulsive forces can be detected
above the layer. This difference appears to be more marked
at room temperature than at elevated temperatures due to the
decreased mobility of both lipids and water molecules bound
to the bilayer interface. Nevertheless, the difference in height
in AFM can be used to gain information on the change in
layer thickness, if the applied force remains unchanged over
the entire scan time.
DOPC bilayer
Adhesion forces. The DOPC bilayer exhibits adhesion
behavior similar to that described for the ﬂuid-phase DPPC
bilayer. Adhesion forces remain constant up to T ¼ 36C
with a standard error corresponding to a number of bonds of
n ¼ 6, as reported in Table 1. The adhesion increases
progressively from 36C to the higher temperatures, which
corresponds to an increase in n from 6 to 12. The adhesion
force is strongly dependent on v, which is a distinctive
feature for the ﬂuid phase. Therefore the sensitivity dn/dn can
be used to characterize the ﬂuidity of the bilayer.
Repulsive forces. Fig. 7 shows the forces between the fully
hydrated DOPC bilayer and the tip during the approach. The
same force analysis was performed on DOPC as for DPPC.
The electrostatic forces on DOPC are the same order of
magnitude as for DPPC. The greatest difference comes from
the short-range forces. The thickness of the layer as a function
of the temperature is shown in Table 3.
At T ¼ 22C, the thickness of DPPC and DOPC are close,
but with high temperature, the thickness of DOPC is reduced
TABLE 2 Comparison between the length L measured by force analysis, the indentation corresponding to an applied




ﬁt L, in nm
Indentation for
1 nN, in nm
Thickness of bilayer,
measured by AFM




T ¼ 65C 2.5 4 2.5 —
T ¼ 50C 3.3 4 3.6 3.6
T ¼ 36C 3.6 5 4.4 —
T ¼ 22C 4.5 5.8 5.5 4.7
Thickness of DPPC bilayer from literature data are shown for comparison. Literature values are taken from Petrache et al. (2000) and Nagel and Tristam-
Nagel (2000).
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considerably (to 1.5 nm). This likely results from swelling of
the bilayer, observed in tapping mode, which should
decrease the tail density, and with it the magnitude of the
steric force. The increase in the lateral mobility and tilting of
lipids at elevated temperatures also decrease repulsive forces
considerably, which is in agreement with the measured steric
forces in our experiments at higher temperatures.
Comparison of forces for DPPC and
DOPC bilayers
When compared, adhesion forces for DPPC and DOPC
bilayers show similarity for ﬂuid-phase DPPC bilayer at
elevated temperatures and ﬂuid-phase DOPC bilayer at room
temperature. The unit force, Fs, for ﬂuid-phase DPPC, is
0.8 nN compared to 0.5 nN for DOPC bilayer (Table 1), and
the number of unit bonds is 6 for both ﬂuid-phase DPPC and
DOPC bilayers. This correlation permits evaluation of
a bilayer ﬂuidity and is in good agreement with imaging
data. Therefore, adhesion forces, which depend on physical
properties of the bilayer and on force analysis, give
important information on the nature of the bilayer. The
repulsive part of the force plot, using a steric force model,
also provides an important insight into the properties of the
bilayer and the ability of lipids to resist compression. Steric
forces reduce with the temperature increase for DPPC bilayer
and correlate well with low steric forces for DOPC ﬂuid-
phase bilayer at room temperature. In general, a ﬂuid-phase
bilayer can be characterized by reduced repulsive forces
compared to the gel-phase bilayer. The major contribution to
this change is provided by changes in steric forces. Lipid
compression is much easier in the ﬂuid phase due to the
higher disorder of tails, mobility of lipids, and lower tail
density.
CONCLUSIONS
Various experimental and theoretical studies have suggested
the existence and importance of domains in both biological
and model membranes. Nonequilibrium domain formation,
which offers a local geometrical environment for membrane
processes, may be of considerable importance for the
FIGURE 7 (A) Evolution of the force acting on the tip as a function of the
distance between the tip and mica covered by a DOPC bilayer. Force curves
were monitored during the approach of the tip onto the sample for three
temperatures (n, T ¼ 60C; h, T ¼ 50C; and s, T ¼ 22C). (B)
Experimental data represented by symbols were ﬁtted using Eq. 1. The
theoretical ﬁt is shown in solid line. The logarithmic representation helps in
determination of the range of reliability of the equation and therefore the
evaluation of the thickness of the bilayer.
TABLE 3 Comparison between the length L measured by force analysis, the indentation corresponding to an applied




ﬁt, L, in nm
Indentation for
1 nN, in nm
Thickness of bilayer,
measured by AFM




T ¼ 60C 1.5 4.0 2.1 —
T ¼ 36C 2.7 4.3 3.1 —
T ¼ 22C 4.1 6.1 4.0 3.7
Thickness of DOPC bilayer from literature data are shown for comparison. Literature values are taken from Petrache et al. (2000) and Nagel and Tristam-
Nagel (2000).
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functionality of biological membranes. Here we demon-
strated using temperature-controlled atomic force micros-
copy the existence of several phase transitions in DPPC and
DOPC mica-supported bilayers. Data of both topographical
imaging and force measurements provide invaluable insight
into membrane behavior during phase transitions.
Individual bond forces can be estimated for lipid bilayers
as well as changes in binding number which can be used as
distinctive features of the increase of bilayer ﬂuidity. A force
analysis revealed that the interaction between the tip and the
surface was governed by electrostatic forces for longer range
and by steric forces at shorter range. Electrostatic repulsion
likely originates from an effective charge density at the
bilayer-water interface, where zwitterionic headgroups inter-
act with water molecules. Whatever the origin of the effective
charge, there is no doubt that the electrostatic force exists
since no attractive force was detected during the tip approach.
A surface of zero charge should always develop attractive van
der Waals forces. In the present study, the electrostatic force
is high enough to counterbalance the van der Waals forces.
Steric forces can be used to determine the thickness of the
layer adsorbed at the surface and are in good agreement with
the image cross-section analysis. With the temperature
increase, the steric force departs from a pure exponential
law due to the increase of the lateral mobility of the
phospholipid tails. The transition between the electrostatic
regime and the steric regime for force measurements can be
an effective way to estimate the bilayer thickness.
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